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Chapter 20
Sampling Methods for Aquatic Insects

Marcos Callisto, Riccardo Mugnai, Diego M. P. Castro,
and Marden S. Linares

20.1 Introduction

Aquatic insects are important elements in the structure and function of freshwater
ecosystems because they contribute to organic matter processing, nutrient cycling,
and energy flux and serve as food for vertebrate and invertebrate predators in aquatic
food webs. They comprise a highly varied group of animals that are dependent on
water habitats at some stage in their life cycles (Table 20.1). Aquatic insects are
ubiquitous in the lakes, streams and rivers, springs, and wetlands of the world. The
habitats where they can be found are varied, including hyporheic zones, bottom
sediments, air-water interfaces, temporary systems, and brackish, salty, and hyper-
saline waters.

Aquatic insect collection methods vary depending on the freshwater habitat type
(lentic or lotic) and substrate type (e.g., sand, stones, leaves, and vegetation).
Moreover, sampling aquatic insects can be qualitative or quantitative, depending on
the type of study performed. Depending on the study objectives, researchers can
collect individual specimens from single habitats a single time or entire assem-
blages across river basins, ecoregions, or continents through use of long-term sys-
tematic surveys (Oliveira and Pes 2014; USEPA 2016; Ligeiro et al. 2020).
Additional concerns must include sample site location, sampling frequency (e.g.,
daily, monthly, yearly), and numbers of samples, true replicates, pseudo-replicates,
and subsamples (Hughes and Peck 2008).
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Table 20.1 Insect orders with aquatic forms

M. Callisto et al.

Aquatic development phase
Order Common names (excluding egg)
Ephemeroptera Mayflies Nymphs
Odonata Damselflies and dragonflies Nymphs
Orthoptera Grasshoppers and crickets All
Plecoptera Stoneflies Nymphs
Hemiptera True bugs All
Mecoptera Scorpionflies and hangingflies | Larvae
Neuroptera Lacewings Larvae
Megaloptera Dobsonflies and alderflies Larvae
Coleoptera Beetles All
Trichoptera Caddisflies Larvae and pupae
Lepidoptera Moths Larvae and pupae
Diptera True flies Larvae and pupae
Hymenoptera Wasps Larvae

The collection of aquatic insects can be done with a wide variety of equipment
and methods, from simply hand-lifting rocks at the bottom of a river or examining
aquatic vegetation. Sampling efficiency of aquatic insects is significantly increased
when hand nets, kick nets, dredges, and other inexpensive apparatus is used. After a
sample has been collected, labeled, stored, and safely transported to a laboratory,
samples should be washed over standard sieves (e.g., 250 pm, 500 pm) to remove
organic debris and leaf detritus, algae, and sediment particles, which facilitates the
screening of aquatic insects (Fig. 20.1). In general, aquatic insect samples are fixed
with 70% alcohol and preserved for later taxonomic identification using stereomi-
croscopes. Eventually, slides are prepared for the identification of small-size mor-
phological structures and observation of gills and lamellae and other structures not
visible under stereomicroscopes (Fig. 20.2). Lastly, DNA barcoding has been used
to identify insects, but the necessary DNA barcode libraries are just beginning to be
developed for the Neotropics (Nichols et al. 2019).

20.2 Freshwater Habitats and Sampling Devices

20.2.1 Lotic

Shallow lotic ecosystems can show high substrate diversity and are generally rich in
aquatic insect species (Fig. 20.3). Kick nets (D-shape net with 0.3-0.5 m aperture
and 1 m x 1 m square of 500 pm coupled to a 1.5 m wooden handle) are used to
obtain semiquantitative data (Fig. 20.4a—d), whereas Surber samplers (a 0.3 x 0.3 m
quadrat linked to a 1 m x 1 m square of 500 pm net) offer quantitative samples
(Fig. 20.4e—h). Both methods require in disturbing bottom sediments (e.g., cobbles,
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Fig. 20.1 Field and laboratory sediment wash over standard sieves

gravel, sand, leaf deposits) and catching organisms in a net downstream. Besides, a
researcher can collect stones and pebbles by hand to visually inspect and collect the
aquatic insects with tweezers, transfer them to a flask, and take them to the labora-
tory for further taxonomic identification (Fig. 20.9c—d). When the collected material
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Fig. 20.2 Slide preparation for taxonomic identification of morphological structures using a
microscope in laboratory

has sediment, leaf debris, or organic matter left in the sample, it should be washed
(Fig. 20.9a) transferred to a white tray and manually sorted live invertebrates are
transferred to vials in the laboratory (Fig. 20.9b). Ideally, sediment samples have to
be collected from downstream to upstream, to avoid drift addition.

20.2.2 Lentic

Lentic ecosystems can be roughly divided between littoral and limnetic zones
(Esteves 2011). Littoral habitats form a transition zone between aquatic and terres-
trial ecosystems, concentrating much of the biodiversity of a lake (Kutyta 2014;
Gownaris et al. 2018). To sample aquatic insects in the littoral zone, D-shape nets
are used for semiquantitative sampling. This methodology is similar to the one used
in lotic ecosystems, consisting of disturbing bottom sediments, with the difference
being that due to the lack of a strong downstream current, it is usually necessary to
push the sediment to the net or sweep the net through the sediment plume. Corer
samplers (8—20 cm diameter acrylic cylinder tube) are used for quantitative sam-
pling, gathering sediment samples of a known area (Fig. 20.5a—d).

Pelagic habitats usually need the assistance of a boat to be sampled, due to the
depth. Eckman-Birge and Petersen dredges (a clamshell bucket with two opposing
jaws for the collection of a sediment sample) are the most common samplers in
these conditions, being able to acquire sediment samples in deepwater ecosystems,
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Fig. 20.3 Examples of running waters in reference conditions

but can be also used in the littoral zone (Fig. 20.6a—c). Additional samples using
D-net can be collected in littoral habitats (Figs. 20.4b and 20.6g-h).

20.2.3 Hyporheic Zone

The hyporheic zone (Greek hypo and rheos = under and river) is the connecting
ecotone between surface and groundwater and is functionally part of both fluvial
and groundwater ecosystems (Mugnai et al. 2015). Some aquatic insects can live in



528 M. Callisto et al.

Fig. 20.4 Pictures of field samplings using D-nets (a—d), drift net (e), and Surber sampler (f-h)

the hyporheic zone to avoid competition or predation, as a nursery, or to escape
seasonal flooding and droughts (Dole-Olivier et al. 1997; James and Suren 2009).
Larvae of some Coleoptera, Diptera, Ephemeroptera, and Plecoptera and adult
forms like elmid and staphylinid coleopterans are frequently observed in hyporheic
zones. The larvae are generally confined to the upper layers, but some species pen-
etrate deeper and are important components of the hyporheic fauna (Mugnai
etal. 2019).

To sample aquatic insects in hyporheic zones, several techniques can be used
(Fig. 20.7) including the Karaman-Chappuis technique for gravel bed streams,
where a hole is dug in the bank of a river and the water is filtered; Bou-Rouch pump
modified, where a perforated bar is inserted directly into the riverbed and water is
pumped through a membrane; standpipe cores, where perforated bars are inserted
semipermanently into a riverbed and the water is pumped periodically using a hand
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pump; freeze-cores, where a freezing medium is used to freeze and extract part of a
riverbed; artificial substrates and baited; and baited and un-baited traps buried in the
riverbed allow the collection of specimens. All these methods substantially differ in
efficiency, financial cost, and field effort (Hahn 2005; Malard et al. 2002).

20.2.4 Springs

Springs are natural points of water resurgence and are threatened and poorly known
freshwater environments (Malard et al. 2002). These environments are subject to
deforestation, trampling by livestock, and human recreational activities. These habi-
tats can be very heterogeneous from a geomorphological point of view, amount of
water provided, aquatic vegetation, and water chemistry.

From biotic point of view, in general, the benthic and nektonic insect fauna is
relatively scarce due to the characteristics of the water (usually low pH, nutrient,
and dissolved oxygen), but some are specialists for crenon habitats such as some
Diptera (Chironomidae), Ephemeroptera (Baetidae), Plecoptera (Leuctra), and
Trichoptera (Lepidostomatidae) (Dobrin and Giberson 2003; Ilmonen and
Paasivirta 2005).

To sample aquatic insects in springs, it is advisable to use a 10 x 10 cm D-shape
net (Rosati et al. 2016), artificial substrate for benthic and nektonic fauna, and mod-
ified Hess sampler (Dobrin and Giberson 2003). For interstitial organisms, the gear
and techniques described for hyporheic habitats can be used (Malard et al. 2002).

20.2.5 Marine, Brackish, and Inland Saltwaters

Aquatic insects occasionally live in waters with greater than 0.5%o salinity. These
environments are represented by brackish waters, which include mixtures of coastal
freshwater with marine water as estuary, mangrove, coastal lagoons, etc., with a
variable salinity between 0.5 and 32%.. Saline inland waters consist of saline lakes
occurring typically in arid or semiarid regions with a variable salinity between 0.5
and 300 %o. The marine water is constituted by intertidal areas and neritic or oceanic
environments with salinity between 34 and 37%o.

Species that have occupied marine and brackish environments are currently con-
stituted by a few hundred species belonging to the Hemiptera, Dermaptera,
Hymenoptera, Coleoptera, and Diptera. Some few species of Lepidoptera, Odonata,
and Trichoptera may live in environments with salinity up to 15%. (Ward 1992).
Intertidal or benthos specimens may be collected by hand or using samplers depend-
ing on the nature of substrata (kick samplers, Surber sampler, grab samplers, corer,
etc.). Neustonic (small organisms that inhabit below the surface of a body of water),
and nektonic (actively swimming aquatic organisms in a body of water) species are
best sampled with a handheld plankton net screwed to an extendable handle and
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Fig. 20.5 Field sediment sampling using a corer sampler

obtained by snorkling or SCUBA diving (Thorp and Covich 2010; Merritt and
Cummings 1996).

20.2.6 Habitats Outside Water Bodies
20.2.6.1 Phytotelmata

The word phytotelmata is derived from the Greek phyton and felm = plant and pond,
consisting in small waterbodies of hollow trees or inflorescences such as bromeli-
ads. Thienemann (1954), Kitching (1971), and Greeney (2001) divided this habitat
into six major types: tree holes, leaf axils, bowers, modified leaves, fallen vegetative
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Fig. 20.6 Field sediment sampling using Eckman-Birge dredge (a, b, ¢), Petersen dredge (d, e, f),
and D-net (g, h) at the littoral region of a lentic habitat
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Fig. 20.7 Example of field equipment used to sample in hyporheic zones
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parts (such as leaves or bracts), and fallen fruit husks. Stem rots, traditionally not
included, are considered as transition zones between phytotelmata and other similar
habitats (Greeney 2001). This habitat is heterogeneous and is generally considered
as temporary but often being available all year round. From a dimensional stand-
point, they are usually less than 200 ml, even those of 30 ml or less being quite
common, to at least 45 1.

Phytotelmata occur in a wide range of ecosystems from subarctic to tropics in
tree holes of deciduous woodlands, in Sarraceniaceae and Nepenthaceae plants, and
in tropical plants that can retain water such as bromeliaceans and bamboos. These
habitats are most common in tropical and subtropical areas and are utilized by a
wide range of arthropods. Besides insects, mites, entomostracods (Copepoda,
Ostracoda, Cladocera), brachiurans, crabs, and tartigrads are often found in phyto-
telmata habitats. Seventy families from 11 orders of insects have been reported liv-
ing in phytotelmata habitats. That includes truly aquatic insects such as Diptera,
Coleoptera, and Odonata (as Pseudostigmatidae and Megapodagrionidae) that are
best represented, but Hemiptera, Trichoptera, and Plecoptera are also common.
Besides that, semi-aquatic species and terrestrial species foraging in or around phy-
totelmata habitats are included (Greeney 2001; Frank and Lounibos 2009).

The interest in the phytotelmata habitat, such as in some plants as Sarraceniaceae,
Nepenthaceae, and bromeliaceans, can be destructive, due to invasive methods that
result in the dissection and removal of the plant. Water-sucking devices of various
types can be used such as laboratory pipettes, cooking basters, syringes or syringes
with tubes can be used to collect in this environment with good results (Derraik
2009; Jocque et al. 2010).

20.2.6.2 Hygropetric and Madicolous Habitats

Hygropetric and madicolous are two habitats characterized by a tiny layer of water.
The word hygropetric derived from the Greek hydro and Latin pedra = water and
stone. It is constituted by the rock environment always covered by a subtle veil of
water usually due to the splash of water from waterfalls or turbulent waters.
Madicolous habitats are characterized by a flowing, often permanently, thin layer of
water (<2 mm), over many types of surfaces, usually limited to mountain areas and
restricted in size. In these environments, rich in organic muck and mosses, can be
found specialized species in the Coleoptera (Torridincolidae, Hydrophilidae,
Dytiscidae), Diptera (Ceratopogonidae, Chironomidae, Dolichopodidae,
Psychodidae,  Stratiomyidae, Thaumaleidae, Tipulidae), Ephemeroptera
(Heptageniidae), Odonata (Megapodagrionidae), and Trichoptera (Hydroptilidae),
besides semiterrestrial organisms (Ferrington et al. 1995; Héjek et al. 2019; Miyairi
and Tojo 2007; Tennessen 2010). Aquatic specimens can be collected by hand, or
with small hand nets (Thorp and Covich 2010), flying adults are collected by sticky
traps or emergence traps (Shimabukuro et al. 2015).
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20.3 Drift Samples

Insects and other aquatic invertebrates are transported downstream in a phenom-
enon known as drift. The entry of invertebrates into the water column can be
active or passive and may be the result of several factors, such as (a) changes in
water flow and velocity, (b) presence of predators, (c) changes in the water physi-
cal and chemical characteristics, and (iv) redistribution of invertebrate popula-
tions as a function of competitive pressures (Brittain and Eikeland 1988). The
transport of invertebrates downstream is not constant and varies with the season,
day to day, and at different times of the day. Differences in the densities of drift
organisms may also vary for each species and their propensity to drift at different
stages of the life cycle or when insects are emerging. Invertebrate drift is of great
importance to the functioning of aquatic ecosystems as it is a primary mechanism
for invertebrate redistribution and colonization (Brittain and Eikeland 1988;
Naman et al. 2016).

Techniques and methods for sampling insect drift are generally simple, and dif-
ferent equipment can be used. The most widespread method has been the use of a
frame (square or rectangular) (Fig. 20.4e) or tube mouth fitted with a long net
(~0.5-2.0 m) which has a removable container at the end. Drift nets must be placed
in the stream with the net face perpendicular to the direction of flow and anchored
with iron bars driven into the substrate (Fig. 20.8a—c). The top edge of the frame
must be above the water surface, and the bottom edge close to the stream bottom,
but clear of the bottom to ensure that only drifting insects enter the net, avoiding
insects crawling directly into the net. The mesh size of the nets will depend on the
objectives of the study, but typical mesh size used is between 200 and 500 pm.
Smaller mesh size nets can clog rapidly and can only be deployed for short amounts
of time to avoid backflow.

It is important to measure the volume of water passing through a drift sampler.
The net filters a column of water with a known cross-sectional area. Using a flow
meter near the mouth of the sampler and the cross-sectional area, it is possible to
calculate the volume of water flowing through a drift sampler. With the volume fil-
tered and the number of invertebrates collected, it is possible to calculate the drift
density (i.e., the number of invertebrates per unit volume of water) and the drift rate
(the number of invertebrates passing a sampling point in unit time) (Allan and
Russek 1985).

The sampling period can vary from a few minutes to several hours depending on
the sampling station characteristics and the aim of the research. It is important to
monitor the net during the sampling because the net may become clogged with
organic detritus and thus produce a backflow that causes a decrease in sampling
efficiency.
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20.4 Sampling Aquatic Insect Adults

Flying adults of aquatic insects can be sampled using ultraviolet (UV)-light traps,
mercury vapor lights, Malaise traps, sweep netting riparian vegetation, and rearing
from immature stages. These sampling methodologies are unselective and provide
big samples including mostly terrestrial nocturnal insects.

Specific techniques to sample emerging aquatic insect adults include enclosed
channels (Wartinbee and Coffman 1976), floating emergence traps (LeSage and
Harrison 1979), hand screen collectors (Usinger 1956), light trap (Southwood
1978), madicolous trap (Shimabukuro et al. 2015), Mundie pyramid trap (Mundie
1956), pan trap (Grigarick 1959), stationary screen trap (Hamilton 1969), sub-
aquatic light traps (Aiken 1979), surface film samplers (Coffman 1973), and win-
dow trap (Chapman and Kinghorn 1995). All these sample methods differ in
construction effort, cost, and microhabitat utilization.

The sampling of emerging adults is mostly influenced by some environmental
factors such as seasonality, temperature, and moon phases (Ivkovi¢ et al. 2013).
Aquatic insect adults can also be obtained by direct association between larval and
adult forms (Edmunds et al. 1976; Merritt and Cummings 1996).

20.5 List of Supplies for Field Sampling

The organization of the necessary material is an essential phase for any field sam-
pling. It is essential to anticipate the needs of the sampling, as usually forgotten
equipment can cost a day’s worth of work or even more: (1) plastic buckets; (2) 250
or 500 pm sieves (filters 60—90 micron pore for hyporheic); (3) plastic bags, wash
bottles, and 70% ethanol; (4) current meter; (5) Surber (Fig. 20.4f-h), D-net
(Figs. 20.4b and 20.6g—h), drift nets (Fig. 20.8a—c), Eckman-Birge (Fig. 20.6a—c),
or Petersen (Fig. 20.6d—f) dredges; (6) metal holding rods; (7) permanent marker
pens and labeling paper; and (8) forceps.

20.6 Laboratory Procedures

After field sampling, the collected samples are taken to the laboratory. The first
procedure is washing (Fig. 20.9a) and sorting that involves the separation of the
aquatic invertebrates from the inorganic and organic matter collected with the sam-
ple. This is a time-consuming procedure but essential. Normally this procedure is
done using lighted tables, plastic trays, and forceps (Fig. 20.9b). Flotation using salt
or sugar is commonly used to remove small larvae (but not for mollusks) in sandy
sediments. After samples have been sorted, the following step is to identify and
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Fig. 20.9 Laboratory processing activities of sediment samples: (a) washing, (b) sorting, (¢, d)
identifying aquatic insects
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Fig. 20.10 Scheme of a reference collection of aquatic insects

count the organisms through the use of taxonomic keys (Fig. 20.9¢, d). The results
are then analyzed by different procedures depending on the research questions, aim,
and experimental design. All aquatic insect forms must be preserved in a Reference
Collection, with field sampling method, number of individuals, and taxonomic
identification and registered in a public institution (Fig. 20.10).

20.7 Specimen Preparation

To prepare aquatic insects, most specimens consist of juvenile phases but can also
often include pupae in the case of Holometabola forms. To conserve larvae and
pupae, several authors suggest adding to the 70-80% alcohol a few drops of glyc-
erol; to conserve adult phases, specimens can be stored in a dry way, properly
pinned or glued to cards depending on size (Lincoln and Sheals 1979). To pin speci-
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Table 20.2 Pinning scheme for different aquatic insect taxa groups

Group Position of pin Wing
Large Coleoptera Right helitrae Not spread
Large Ephemeroptera Center of mesothorax Not spread
Large Heteroptera Center of scutellum Not spread
Slender Heteroptera Center of prothorax Not spread
Large Hymenoptera Right forewings Not spread
Large Lepidoptera Through middle at thickest point of thorax or just Spread
behind base of forewings
Large Odonata Through middle at thickest point of thorax or just Spread
behind base of forewings
Large Plecoptera Center of mesothorax Spread
Large Trichoptera Center of mesothorax Spread

mens, it is necessary to follow standard procedures according to the taxonomic
group (Table 20.2).

Despite the possibility of storing dry adult specimens, several aquatic insect
research laboratories have in the last decades chosen to conserve these specimens
wet, due to the necessary physical space to store specimens and the skill and time
necessary to pinning.

20.8 Species Identification

Species identification in biodiversity surveys has two major aspects. The first is the
identification of species not known from the taxonomic point of view with the pur-
pose to describing and naming them, defined as taxonomy. This activity should
follow the precepts illustrated by Winston (1999) in the book Describing Species:
Practical Taxonomic Procedure for Biologists and the rules dictated by the
International Code of Zoological Nomenclature (ICZN).

The second activity aimed at quantifying biological diversity and to develop eco-
logical works aimed at identifying species already known taxonomically known as
parataxonomy. The term parataxonomy was introduced by Jansen et al. in 1993
coming from the term parataxonomist (or “biological diversity technicians” in some
parts of the world) the specialist involved in the sampling collection of natural his-
tory or inventory data and in the activities of specimen sampling, sorting, and iden-
tification. For this activity, unlike taxonomy, identification at the species level is not
strictly necessary, and often in ecological works, different levels are used such as
genus or family, technically defined as operational taxonomic units (OTUs), recog-
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nizable taxonomic units (RTUs), or parataxonomic units (Pus) or morphospecies
(Krell 2004; Oliver and Beattie 1993, 1996a, b).

To aid the parataxonomy identification activity in the last decades, many special-
ized publications have been produced by condensing taxonomic work on identifica-
tion keys, often in the form of juxtaposed dichotomous keys, but also as grouped,
identified, graphical, or combined dichotomous keys. More recently, multiple-entry
interactive identification electronic keys have been introduced. Such keys illustrate
orders or families or brings together various taxonomic groups (e.g., insects, mac-
roinvertebrates, etc.) in the form of identification manuals.

Regarding geographical area, identification keys and identification manuals are
heterogeneous, ranging from local (state, microregion, river basin) to large extent
publications (North America, South America, Europe). From the point of view of
the amount of published works for area, there are notable differences. In the north-
ern hemisphere areas, such as the United States or Europe, there is a large amount
of available bibliographic material. On the other hand, in other areas, as Southern
Hemisphere (Africa and South America or some places in Asia), bibliographic spe-
cific works are scarce or even nonexistent. The absence of specific bibliographic
material may lead the researcher to use manuals and keys from other geographic
regions to try to identify the specimens found, which is not always possible and
generally inappropriate.

Another problem of identification using dichotomous keys, applied to aquatic
insects and the most commonly used in biomonitoring programs of water bodies, is
related to the continual updating of scientific information as new species and/or
cases of synonyms and homonyms are discovered and new identification keys are
published. In this case, it is important to point out that the use of the most up-to-date
bibliographic material in research may create a problem of identification standard-
ization precluding the possibility to compare the work with previous studies or
result in distortions of results between researchers from different teams or even
within the same team. Therefore it is important to maintain a library of taxa names
to facilitte cross-referencing of data.

20.9 Conservation and Curatory

Biological samples naturally tend to degrade with time. Curatory is the set of actions
that involve physical and/or chemical actions, routinely implemented, to minimize
or avoid physical or biological damage of stored specimens in the collection and
preserve the associated information (Herholdt 1990; Horie 1986).

Ultraviolet light, produced either by lamps or direct sunlight, can damage dry
specimens (Rose and Torres 2009; Simmons and Munhoz-Saba 2005), and these
sources can be avoided using specific adhesive filters. In addition, damage can be
caused by some biological factors as the beetle Anthrenus spp. (Dermestidae) and
some fungi. These pests can be controlled by temperature, humidity, and chemical
preservation with paradichlorobenzene. The biggest problem with wet specimen
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conservation is the loss of preservative fluid (e.g., 70% alcohol) that must be peri-
odically added and replaced to ensure correct concentration.

20.10 Conservation Implications of Aquatic Insects

As insect biodiversity is threatened in all parts of the world (Sdnchez-Bayo and
Wyckhuys 2019), it is of paramount importance to train students, researchers, and
the general public about the importance of aquatic insects. Specific sampling meth-
ods for different types of aquatic ecosystems are available at reduced prices and
enable qualitative and quantitative sampling of species and estimations of their
abundance. Many of these aquatic insects are bioindicators of water quality (Bonada
et al. 2006) and have been widely used in environmental monitoring programs and
development of multimetric indices (Silva et al. 2017) and as environmental educa-
tion tools in citizen science activities (Franca et al. 2019).

The conservation of freshwater ecosystems is necessary to ensure water supply
for multiple human uses and ecosystem services but we have a fundamental duty to
ensure adequate habitat and conditions for the maintenance of aquatic insect spe-
cies. These organisms, by their participation in food chains and detritus decomposi-
tion, linking different compartments in aquatic ecosystems through energy flow and
nutrient cycling in the riparian meta-ecosystems (Callisto et al. 2019) reflect envi-
ronmental quality in entire river basins, ecoregions and nations (USEPA 2016).

Acknowledgments This chapter is part of the PROECOS Project, continued supported by the
Pesquisa & Desenvolvimento of Agéncia Nacional de Energia Elétrica and Companhia Energética
de Minas Gerais (P&Ds ANEEL/CEMIG GT-599 and GT-611). We appreciate the support of
Coordenagao de Aperfeicoamento de Pessoal de Nivel Superior — Brasil (CAPES) — Finance Code
001, Conselho Nacional de Desenvolvimento Cientifico e Tecnolégico (CNPq) via research fel-
lowship to MC (303380/2015-2), and the Fundacido de Apoio a Pesquisa do Estado de Minas
Gerais (FAPEMIG) via grants to MC (PPM 00104-18). DMPC and MSL are postdoc fellows by
the Pesquisa & Desenvolvimento of Agéncia Nacional de Energia Elétrica and Companhia
Energética de Minas Gerais (P&D Aneel-Cemig GT-611 and GT-599, respectively). We thank
Ricardo Solar who kindly took photos of all field sampling devices, Anderson Santos prepared the
collection figure, and Robert M. Hughes reviewed the English language and contributed with criti-
cal inputs to an early version and the page proofs of this chapter.

References

Aiken R (1979) A size selective underwater light trap. Hydrobiologia 65:65-68. https://doi.
org/10.1007/BF00032720

Allan J, Russek E (1985) The quantification of stream drift. Can J Fish Aquat Sci 42:210-215.
https://doi.org/10.1139/85-028

Bonada N, Prat N, Resh VH et al (2006) Developments in aquatic insect biomonitoring: a compar-
ative analysis of recent approaches. Annu Rev Entomol 51:495-523. https://doi.org/10.1146/
annurev.ento.51.110104.151124


https://doi.org/10.1007/BF00032720
https://doi.org/10.1007/BF00032720
https://doi.org/10.1139/f85-028
https://doi.org/10.1146/annurev.ento.51.110104.151124
https://doi.org/10.1146/annurev.ento.51.110104.151124

20 Sampling Methods for Aquatic Insects 541

Brittain JE, Eikeland TJ (1988) Invertebrate drift - a review. Hydrobiologia 166:77-93. https://doi.
org/10.1007/BF00017485

Callisto M, Solar R, Silveira F et al (2019) A Humboldtian approach to mountain conserva-
tion and freshwater ecosystem services. Front Environ Sci 7:195. https://doi.org/10.3389/
fenvs.2019.00195

Chapman J, Kinghorn J (1995) Window-trap for flying insects. Can Entomol 82:46-47

Coffman W (1973) Energy flow in a woodland stream ecosystem: II. The taxonomic composition
and phenologgy of the Chironomidae as determined by the collection of pupal exuviae. Arch
fur Hydrobiol 71:281-322

Derraik J (2009) A tool for sampling mosquito larvae from phytotelmata. J Vector Ecol 34:155—
156. https://doi.org/10.1111/j.1948-7134.2009.00019.x

Dobrin M, Giberson DJ (2003) Life history and production of mayflies, stoneflies, and caddisflies
(Ephemeroptera, Plecoptera, and Trichoptera) in a spring-fed stream in Prince Edward Island,
Canada: evidence for population asynchrony in spring habitats? Can J Zool 81:1083-1095.
https://doi.org/10.1139/z03-091

Dole-Olivier M, Marmonier P, Beffy J (1997) Response of invertebrates to lotic distur-
bance: is the hyporheic zone a patchy refugium? Freshw Biol 37:257-276. https://doi.
org/10.1046/j.1365-2427.1997.00140.x

Edmunds JGFE, Jensen SL, Berner L (1976) The Mayflies of North and Central America.
University of Minnesota Press, Minneapolis

Esteves F (2011) Fundamentos de Limnologia, 3rd edn. Editora Interciéncia, Rio de Janeiro

Ferrington LCJ, Kavanaugh R, Schmidt F et al (1995) Habitat separation among Chironomidae
(Diptera) in big springs. J Kansas Entomol Soc 68:152-165

Franga JS, Solar R, Hughes RM et al (2019) Student monitoring of the ecological quality of neo-
tropical urban streams. Ambio 48:867-878. https://doi.org/10.1007/s13280-018-1122-z

Frank J, Lounibos L (2009) Insects and allies associated with bromeliads: a review. Terr Arthropod
Rev 1:125-153. https://doi.org/10.1163/187498308X414742

Gownaris N, Rountos K, Kaufman L et al (2018) Water level fluctuations and the ecosystem func-
tioning of lakes. J Great Lakes Res 44:1154—1163. https://doi.org/10.1016/j.jglr.2018.08.005

Greeney H (2001) The insects of plant-held waters: a review and bibliography. J Trop Ecol
17:241-260. https://doi.org/10.1017/S026646740100116X

Grigarick A (1959) A floating pan trap for insects associated with the water surface. J Econ
Entomol 52:348-349. https://doi.org/10.1093/jee/52.2.348a

Hahn H (2005) Unbaited phreatic traps: a new method of sampling stygofauna. Limnologica
35:248-261. https://doi.org/10.1016/j.1imno.2005.04.004

Hijek J, Alarie Y, Stastny J et al (2019) The first hygropetric Platynectes and its larva from east-
ern China (Coleoptera: Dytiscidae). Acta Entomol Musei Natl Pragae 59:217-228. https://doi.
org/10.2478/aemnp-2019-0019

Hamilton A (1969) A new type of emergence trap for collecting stream insects. J Fish Res Board
Canada 26:1685-1689. https://doi.org/10.1139/f69-155

Herholdt E (1990) Vertebrate collections management: a personal perspective with special refer-
ence to Southern Africa. In: Natural history collections: their management and value. Transvaal
Museum, Pretoria, pp 1-11

Horie C (1986) Who is a curator? Int J Museum Manag Curatorsh 5:267-272. https://doi.
org/10.1080/09647778609515029

Hughes RM, Peck DV (2008) Acquiring data for large aquatic resource surveys: the art of compro-
mise among science, logistics, and reality. ] N Am Benthol Soc 27:837-859

Ilmonen J, Paasivirta L. (2005) Benthic macrocrustacean and insect assemblages in relation to
spring habitat characteristics: patterns in abundance and diversity. Hydrobiologia 533:99-113.
https://doi.org/10.1007/s10750-004-2399-4

Ivkovi¢ M, Milisa M, Previsi¢ A et al (2013) Environmental control of emergence patterns: case
study of changes in hourly and daily emergence of aquatic insects at constant and variable
water temperatures. Int Rev Hydrobiol 98:104—115. https://doi.org/10.1002/iroh.201301483


https://doi.org/10.1007/BF00017485
https://doi.org/10.1007/BF00017485
https://doi.org/10.3389/fenvs.2019.00195
https://doi.org/10.3389/fenvs.2019.00195
https://doi.org/10.1111/j.1948-7134.2009.00019.x
https://doi.org/10.1139/z03-091
https://doi.org/10.1046/j.1365-2427.1997.00140.x
https://doi.org/10.1046/j.1365-2427.1997.00140.x
https://doi.org/10.1007/s13280-018-1122-z
https://doi.org/10.1163/187498308X414742
https://doi.org/10.1016/j.jglr.2018.08.005
https://doi.org/10.1017/S026646740100116X
https://doi.org/10.1093/jee/52.2.348a
https://doi.org/10.1016/j.limno.2005.04.004
https://doi.org/10.2478/aemnp-2019-0019
https://doi.org/10.2478/aemnp-2019-0019
https://doi.org/10.1139/f69-155
https://doi.org/10.1080/09647778609515029
https://doi.org/10.1080/09647778609515029
https://doi.org/10.1007/s10750-004-2399-4
https://doi.org/10.1002/iroh.201301483

542 M. Callisto et al.

James A, Suren A (2009) The response of invertebrates to a gradient of flow reduction - an
instream channel study in a New Zealand lowland river. Freshw Biol 54:2225-2242. https://
doi.org/10.1111/§.1365-2427.2009.02254.x

Jocque M, Kernahan A, Nobes A et al (2010) How effective are non-destructive sampling methods
to assess aquatic invertebrate diversity in bromeliads? Hydrobiologia 649:293-300. https://doi.
0rg/10.1007/310750-010-0272-1

Kitching R (1971) An ecological study of water-filled tree-holes and their position in the woodland
ecosystem. J Anim Ecol 40:281. https://doi.org/10.2307/3247

Krell F (2004) Parataxonomy vs. taxonomy in biodiversity studies—pitfalls and applicability of
‘morphospecies’ sorting. Biodivers Conserv 13:795-812

Kutyta S (2014) Characteristics of water level fluctuations in Polish lakes — a review of the litera-
ture/Charakterystyka wahan poziomu wody w jeziorach polskich — przeglad pi$miennictwa.
Ochr Sr i Zasobéw Nat 25:27-34. https://doi.org/10.2478/0szn-2014-0011

LeSage L, Harrison A (1979) Improved traps and techniques for the study of emerging aquatic
insects. Entomol News 90:65-78

Ligeiro R, Hughes RM, Kaufmann PR et al (2020) Choice of field and laboratory methods affects
the detection of anthropogenic disturbances using stream macroinvertebrate assemblages. Ecol
Indic 115:106382. https://doi.org/10.1016/j.ecolind.2020.106382

Lincoln R, Sheals J (1979) Invertebrate animals - collection and preservation. Cambridge
University Press, London

Malard F, Dole-Olivier M, Mathieu J (2002) Sampling manual for the assessment of regional
groundwater biodiversity. Technical Report. European Project Pascalis

Merritt R, Cummings K (1996) Aquatic insects of North America, 2nd edn. Kendall Hunt Pub Co,
New York

Miyairi K, Tojo K (2007) Biology of the mayfly Bleptus fasciatus Eaton (Insecta: Ephemeroptera,
Heptageniidae), with special reference to the distribution, habitat environment, life cycle, and
nuptial behavior. Limnology 8:85-93. https://doi.org/10.1007/s10201-007-0203-7

Mugnai R, Messana G, Di Lorenzo T (2015) The hyporheic zone and its functions: revi-
sion and research status in Neotropical regions. Braz J Biol 75:524-534. https://doi.
0rg/10.1590/1519-6984.15413

Mugnai R, Serpa-Filho A, Nessimian J et al (2019) Morphological traits and vertical distribution
of hyporheic chironomid larvae in Atlantic Forest streams. Trop Zool 32:119-134. https://doi.
org/10.1080/03946975.2019.1639034

Mundie J (1956) Emergence traps for aquatic insects. SIL Commun 1953-1996 7:1-13. https://doi.
org/10.1080/05384680.1956.11904089

Naman S, Rosenfeld J, Richardson J (2016) Causes and consequences of invertebrate drift in run-
ning waters: from individuals to populations and trophic fluxes. Can J Fish Aquat Sci 73:1292—
1305. https://doi.org/10.1139/cjfas-2015-0363

Nichols SJ, Kefford BJ, Campbell CD et al (2019) Towards routine DNA metabarcoding of mac-
roinvertebrates using bulk samples for freshwater bioassessment: effects of debris and stor-
age conditions on the recovery of target taxa. Fresh Biol 65:607-620. https://doi.org/10.1111/
fwb.13443

Oliveira V, Pes A (2014) Inventario da fauna de insetos aqudticos: coleta, preservagio e cria-
¢do. In: Hamada N, Nessimian J, Querino R (eds) Insetos Aquaticos na Amazonia Brasileira:
Taxonomia. Biologia e Ecologia. Editora do INPA, Manaus, pp 151-167

Oliver I, Beattie A (1993) A possible method for the rapid assessment of biodiversity. Conserv Biol
7:562-568. https://doi.org/10.1046/j.1523-1739.1993.07030562.x

Oliver I, Beattie A (1996a) Invertebrate morphospecies as surrogates for species: a case study.
Conserv Biol 10:99-109. https://doi.org/10.1046/j.1523-1739.1996.10010099.x

Oliver I, Beattie A (1996b) Designing a cost-effective invertebrate survey: a test of methods for
rapid assessment of biodiversity. Ecol Appl 6:594—-607. https://doi.org/10.2307/2269394


https://doi.org/10.1111/j.1365-2427.2009.02254.x
https://doi.org/10.1111/j.1365-2427.2009.02254.x
https://doi.org/10.1007/s10750-010-0272-1
https://doi.org/10.1007/s10750-010-0272-1
https://doi.org/10.2307/3247
https://doi.org/10.2478/oszn-2014-0011
https://doi.org/10.1016/j.ecolind.2020.106382
https://doi.org/10.1007/s10201-007-0203-7
https://doi.org/10.1590/1519-6984.15413
https://doi.org/10.1590/1519-6984.15413
https://doi.org/10.1080/03946975.2019.1639034
https://doi.org/10.1080/03946975.2019.1639034
https://doi.org/10.1080/05384680.1956.11904089
https://doi.org/10.1080/05384680.1956.11904089
https://doi.org/10.1139/cjfas-2015-0363
https://doi.org/10.1111/fwb.13443
https://doi.org/10.1111/fwb.13443
https://doi.org/10.1046/j.1523-1739.1993.07030562.x
https://doi.org/10.1046/j.1523-1739.1996.10010099.x
https://doi.org/10.2307/2269394

20 Sampling Methods for Aquatic Insects 543

Rosati M, Cantonati M, Fenoglio S et al (2016) Is there an ideal protocol for sampling macroin-
vertebrates in springs? J Freshw Ecol 31:199-2009. https://doi.org/10.1080/02705060.2016.11
49892

Rose C, Torres A (2009) Storage of natural history collections: ideas and practical solutions.
Washington, DC

Sanchez-Bayo F, Wyckhuys KAG (2019) Worldwide decline of the entomofauna: a review of its
drivers. Biol Conserv 232:8-27. https://doi.org/10.1016/j.biocon.2019.01.020

Shimabukuro E, Pepinelli M, Perbiche-Neves G et al (2015) A new trap for collecting aquatic and
semi-aquatic insects from madicolous habitats. Insect Conserv Divers 8:578-583. https://doi.
org/10.1111/icad.12135

Silva DRO, Herlihy AT, Hughes RM et al (2017) An improved macroinvertebrate multimetric
index for the assessment of wadeable streams in the neotropical savanna. Ecol Indic 81:514—
525. https://doi.org/10.1016/j.ecolind.2017.06.017

Simmons J, Munhoz-Saba Y (2005) Conservacion preventiva y causas del deterioro de las colec-
ciones. In: Cuidado Manejo y Conservacion de Colecciones Bioldgicas. Universidad Nacional
de Colombia, Bogota, pp 54-71

Southwood T (1978) Ecological methods with particular reference to the study of insect populations

Tennessen K (2010) The madicolous nymph of Heteropodagrion sanguinipes Selys (Odonata:
Megapodagrionidae). Zootaxa 2531:29-38. https://doi.org/10.11646/zootaxa.2531.1.3

Thienemann A (1954) Chironomus. Leben, Verbreitung und wirtschaftliche Bedeutung der
Chironomiden. Die Binnengewisser, XX. Schweizerbart’sche Verlagbuchhandlung, Stuttgart

Thorp J, Covich A (2010) Ecology and classification of North American freshwater invertebrates.
Academic Press, New York

USEPA (U. S. Environmental Protection Agency) (2016) National rivers and streams assessment
2008-2009: a collaborative survey. EPA/841/R-16/007. Office of Water/Office of Research and
Development. Washington, DC. http://www.epa.gov/national-aquatic-resource-surveys/nrsa

Usinger R (1956) Aquatic insects of California, with keys to North American genera and California
species. University of California Press, Berkeley

Ward J (1992) Aquatic insect ecology: biology and habitat. Wiley, New York

Wartinbee D, Coffman W (1976) Quantitative determination of chironomid emergence from
enclosed channels in a small lotic ecosystem. Am Midl Nat 95:479-484. https://doi.
0rg/10.2307/2424416

Winston J (1999) Describing species: practical taxonomic procedure for biologists. Columbia
University Press, New York


https://doi.org/10.1080/02705060.2016.1149892
https://doi.org/10.1080/02705060.2016.1149892
https://doi.org/10.1016/j.biocon.2019.01.020
https://doi.org/10.1111/icad.12135
https://doi.org/10.1111/icad.12135
https://doi.org/10.1016/j.ecolind.2017.06.017
https://doi.org/10.11646/zootaxa.2531.1.3
http://www.epa.gov/national-aquatic-resource-surveys/nrsa
https://doi.org/10.2307/2424416
https://doi.org/10.2307/2424416

